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Sum Frequency Generation Studies on Bioadhesion:
Elucidating the Molecular Structure of Proteins
at Interfaces

Stéphanie V. Le Clair, Khoi Nguyen, and Zhan Chen
Department of Chemistry, University of Michigan, Ann Arbor,
Michigan, USA

The study of bioadhesion is significant to applications in a variety of scientific fields.
Techniques that are surface-sensitive need to be utilized to examine these kinds of
systems because bioadhesion occurs at the interface between two surfaces. Recently,
sum frequency generation (SFG) has been applied to investigate different bioadhe-
sive processes because of its intrinsic surface specificity, excellent sensitivity, and
its ability to perform experiments in situ. SFG studies on the bioadhesion of fibrino-
gen, Factor XII, and mefp-3 on various surfaces will be discussed in this review.

Keywords: Bioadhesion; Factor XII; Fibrinogen; Interfaces; Interfacial proteins;
Mussel adhesive protein; Sum frequency generation vibrational spectroscopy

1. INTRODUCTION

The molecular structures of interfaces determine adhesion, including
bioadhesion. Bioadhesion refers to the interfacial attachment between
two biological surfaces or between a biological and a synthetic surface.
Biological substrates can range from biological molecules, such as
proteins, peptides, and lipids, to cells and even tissues like bone.
Synthetic materials are also diverse; some examples include biosen-
sors, biomedical implants, and drug delivery systems. Bioadhesion
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is a broad area that is pertinent to many applications in the
pharmaceutical, industrial, medical, biological, and various other
related fields [1–5]. For example, in the medical field, controlling
bioadhesion is crucial for the design of biocompatible clinical implants.
Protein adsorption (governed by bioadhesion) is the first and pivotal
event that occurs when synthetic implant materials come in contact
with human tissue or blood, and this determines whether or not the
material will be accepted or rejected by the body. Bioadhesion is
also a key mechanism involved in marine biofouling, where oceanic
organisms generate adhesive proteins that allow them to attach to
ship hulls. Better knowledge of the interfacial structures can help us
control (either by enhancing, avoiding, or altering) the bioadhesive
processes in their respective contexts.

Theories that were previously used to describe the adhesive behavior
of glues and paints have been adapted and applied to bioadhesion. These
theories relate adhesion to chemical bonding, intermolecular forces (i.e.,
hydrogen bonding and van der Waals forces), electrostatic attraction,
wetting processes involving interfacial tensions that cause spreading
and adhesion, and the intercalation as well as entanglement of the
chains from each surface. Finally, a common and practical way of study-
ing adhesion is by applying the fracture theory, which analyzes the
amount of force required to detach one surface from another [6]. These
theories have led to excellent interpretations of bioadhesion in many
cases. The underlying mechanisms of such interactions, however, are
controlled by themolecular structures of the interfaces. Obtaining struc-
tural information about the interfaces would, thus, help in deducing and
understanding the mechanism of bioadhesion at the molecular level.

For bioadhesion taking place between protein molecules and
various synthetic surfaces, it is crucial to characterize interfacial
structures, such as the orientation and conformation of proteins, in
order to understand the adhesive mechanism. Deducing the detailed
orientation and conformation of proteins at interfaces is, however, still
a challenging task with the existing techniques. Optical spectroscopic
techniques, for example, have been applied to study interfacial protein
structures. The structures of macromolecules at interfaces (i.e.,
proteins or polymer chains) can be studied using linear spectroscopic
techniques, such as Fourier-transform infrared spectroscopy with
attenuated total reflectance (FTIR-ATR), Raman scattering, and
circular dichroism (CD) [7–15]. These techniques provide a wealth of
information regarding the interfacial structures of polymers and
proteins, but they also have their own limitations: they are not intrin-
sically surface-sensitive and only provide a restricted amount of
information regarding orientation and other structural parameters.
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Sum frequency generation (SFG) vibrational spectroscopy, which
has been around since the 1980s, has recently been applied to study
interfacial protein structures [16–34]. This nonlinear vibrational spec-
troscopic technique provides important structural information that is
complimentary to that obtained by the above-mentioned linear optical
spectroscopic methods, regarding the structure of macromolecules at
interfaces. Even though SFG is still in its infant stage in the field of
peptide=protein study, it has proven to be a very powerful technique
with which surface-sensitive measurements can be obtained. It has
many advantages such as its excellent sensitivity (very low peptide=
protein concentration is needed) and its ability to perform experiments
in situ.

This article is written to give an overall introduction to SFG and its
use in the study of the bioadhesive interactions between various
surfaces and proteins. We will summarize SFG studies on fibrinogen,
Factor XII (FXII), and mussel adhesive protein (mefp-3) on different
polymer surfaces.

2. SUM FREQUENCY GENERATION (SFG)

2.1. SFG: Key Properties and Advantages

The theory behind SFG and a description of the experimental setups
have been published extensively [35–46] and will not be reiterated
here. In this review article, we only hope to emphasize some important
properties of this technique to explain why SFG is an appropriate
method for this particular kind of study on interfacial protein
structures.

A typical SFG system consists of two input laser beams (a fixed
visible beam and a tunable infrared beam) overlapping together
spatially and temporally. When a molecular vibrational mode is in
resonance with the infrared beam energy, SFG is strongly enhanced
and a peak for that particular vibration will appear in the spectrum.

The property that truly makes SFG a powerful technique to study
surface chemistry comes from its selection rules, which dictate that
SFG signals can only be detected from media with no inversion
symmetry. The presence of an interface apart from the bulk will create
an asymmetric plane that gives rise to SFG activity of interfacial
molecules [47]. The contribution of the centrosymmetric media (i.e.,
the bulk) to the obtainable signal is usually negligible under the
electric dipole approximation. Compared with other linear vibrational
spectroscopic techniques, SFG is, therefore, an intrinsically surface-
sensitive technique.
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In addition to this unique and important property, SFG also has
practical advantages. SFG can be used to study any surface or inter-
face that can be accessed by laser light and, therefore, in situ experi-
ments can be performed using geometries that have been developed
over the years (Fig. 1) [34,48]. SFG also has very low detection limits,
which allow for the investigation of systems with biologically-relevant
concentrations of proteins. With the combination of both of these
advantages, SFG can be used to study the structure of interfacial pro-
teins at a solid=protein solution interface with the bulk concentration
of the protein solution in the nanomolar range.

SFG is a second-order nonlinear spectroscopic method which may
measure more structural parameters than linear vibrational spectro-
scopic techniques like FTIR or Raman. SFG experiments probe the
second-order nonlinear susceptibility tensor. This third rank tensor
consists of a maximum of 27 non-zero elements that may be able to
be measured independently. The non-zero elements, which are
associated with molecular vibrational modes, can be measured using
various corresponding polarization combinations of the infrared,
visible, and SFG signal beams in the experiment. With this many pos-
sible SFG measurements, more structural information about interfa-
cial proteins can be obtained. Furthermore, SFG measurements can
be combined with the structural information acquired from linear
spectroscopic studies to provide an even more complete picture of
interfacial protein structure, such as the orientation, the orientation
distribution, and the conformation of proteins at interfaces [49,50].

FIGURE 1 The SFG ‘‘near’’ total reflection experimental geometry. Repro-
duced with permission from [34]: # 2003, American Chemical Society.
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Usually SFG signals are generated from an infinitely sharp interface.
For an adsorbed protein layer, which is much thicker than an infi-
nitely sharp interface, we have demonstrated using a thin film model
that SFG signals can be treated as generated from the entire protein
molecule (or the entire adsorbed protein layer) to deduce interfacial
protein structure.

2.2. SFG: Structural and Orientation Analyses

Because side chains of proteins consist of methyl, phenyl, and methyl-
ene groups, SFG signals in the C-H stretching regime can be used to
probe the structures of protein hydrophobic side chains at interfaces.
Interfacial protein backbone structure, on the other hand, can primar-
ily be obtained from the amide I band as done with FTIR-ATR. A com-
plication with FTIR-ATR studies on amide I bands arises from their
overlap with the water bending mode at �1645 cm�1 [51]. This makes
the data fitting and processing of FTIR-ATR amide I signal cumber-
some. In SFG experiments, however, the water bending mode is found
to make no detectable contribution to the amide I region of the spec-
trum [34,52]. In addition, a near total reflection experimental geome-
try has been adopted for SFG studies; this enables us to obtain very
strong SFG amide I signals of interfacial proteins. The lack of water
bending mode contributions and the ability to obtain a strong amide
I signal make the data analysis more accurate.

SFG amide I signals can be affected by the surface coverage, orien-
tation, and secondary structures of the adsorbed proteins [34]. The
amide I mode contains predominately the peptide backbone C¼O
stretching modes. These C¼O groups are held in an ordered arrange-
ment by hydrogen bonds and the C¼O stretch is sensitive to the
secondary structure environment.

Whereas the surface coverage and orientation of proteins only have
effects on the intensity of the SFG amide I signals, the secondary
structures, on the other hand, determine the SFG signal peak centers.
Our group has successfully performed experiments that demonstrated
that SFG amide I signals can be reliably deconvoluted to distinguish
a-helical and b-sheet structures of interfacial peptides and proteins.
Through experiments done with antimicrobial peptides that are
known to adopt a-helical structures in lipid bilayers, we concluded that
a-helical structures have SFG peak centers at around 1650 cm�1, as
with FTIR or Raman studies [25,34,53]. Using model b-sheet peptide
tachyplesin I, we also showed that b-sheet structures have character-
istic peaks at 1633 and 1690 cm�1, corresponding to the B2 mode and
B1=B3 modes, respectively [25]. Recent results in our laboratory on
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alamethicin (unpublished) show signatures of 310 helical structures
with peak centers around 1630 and 1660 cm�1.

After showing that SFG amide I signals generated from different
secondary structures have different peak centers, our group developed
methodologies to study the interfacial orientations of a-helical struc-
tures and applied such methods to study the orientation of a-helical
melittin and G-proteins, which contain a-helical domains, in lipid
bilayers [49,54]. We are also working out similar methods to study
the orientations of b-sheets and 310 helices at interfaces.

Protein structures can be quite complex, e.g., more complicated
than a simple a-helix. It is, therefore, not always straightforward to
deduce interfacial proteins’ structures, even with the SFG methods
discussed above. We have shown that studies using a combination of
various vibrational spectroscopic techniques can provide more detailed
structural information about interfacial proteins than SFG alone. For
example, even though SFG has some advantages over FTIR-ATR, it
cannot completely replace the technique. These two methods provide
complimentary information on the determination of protein orienta-
tion, e.g., the tilt angle h of an a-helix (defined as the angle between
the helical axis and the surface normal). SFG measures hcos3 hi and
hcos hi, while hcos2 hi can be deduced from FTIR-ATR studies.
Solving these average cosines of various secondary structures can lead
to the determination of interfacial proteins’ orientations. In the case in
which the same interfacial species (e.g., a type of chemical functional
group or secondary structure) orient in the same direction at the inter-
face (delta distribution), measuring such an orientation is relatively
trivial—only one parameter, the orientation angle, needs to be deter-
mined by measuring one of the average cosines using SFG or
FTIR-ATR. This is, however, an ideal case and is not what is generally
encountered in most situations. Interfacial species of the same type
may not have the same orientation, and can instead have an orienta-
tion distribution [55], or several distinctly different orientations (char-
acterized by several delta functions). This will cause each order of the
average cosines (i.e., hcos3 hi or hcos hi) to become an individual para-
meter that needs to be determined. By performing more independent
measurements, more parameters can be acquired to solve the compli-
cated orientations of interfacial proteins. For complex situations, such
as a protein with multiple a-helices that each adopts a unique orienta-
tion, different measurements can be combined to obtain the needed
number of independent parameters. These measured parameters can
include: the dichroic ratio of FTIR-ATR, the appropriate SFG intensity
ratio measurement using different polarization combinations, and the
absolute intensity of SFG signals [41,55,56].
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As mentioned above, a specific secondary structure may have an
orientation distribution or adopt multiple delta distributions. In these
types of situations, a trial distribution built on the theory of maximum
entropy has been developed that can also be used to determine the
orientation and orientation distribution of each secondary structure.
In this method, a series of functions GN(x) needs to be established that
satisfies both of these two conditions: it minimizes the entropy, S, of
the system and converges to a real distribution as the number of the
distribution moments, N, approaches infinity [57–59]:

S ¼ �
Z q

p

½GðxÞ lnGðxÞ �GðxÞ�dxþ
XN
n¼0

an

Z q

p

xnGðxÞdx� ln

� �
ð1Þ

GNðxÞ ¼ exp �
XN
n¼0

anx
n

 !
: ð2Þ

To determine the complete orientation picture of interfacial proteins,
we adopt the same methodology and solve for the average cosines
using Eq. (3), where ki is calculated from the experimental results of
the average cosines:

GNðhÞ ¼ exp �
XN
n¼0

ki cos
iðhÞ

 !
: ð3Þ

Due to the limited number of independent measurements, the series
needs to be truncated. For example, if we have measurements
obtained from FTIR-ATR and SFG studies, the function only contains
the first four terms of the series. The correlation between the number
of remaining terms in the truncated expression of GN(h) and the ability
of GN(h) to create a distribution that resembles the actual function
is shown in Fig. 2.

We have successfully used this maximum entropy trial function to
determine the orientation of melittin in a bilayer. The orientation
distribution deduced using this method was in good agreement with
the solution we obtained by assuming that melittin adopted two delta
distributions of orientation angles. More recently, the maximum
entropy results were shown to match the results attained by assuming
a Gaussian distribution for fibrinogen adsorbed on a polystyrene
surface [49,50].

Combining different vibrational spectroscopic methods to deduce
orientation distributions of secondary structures is very advantageous
when compared with relying on only one technique. Currently our
group only uses a combination of SFG and FTIR-ATR studies, but with
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the advance of current laser technology, many higher order nonlinear
spectroscopic techniques may be exploited in the near future. These
techniques have been successfully used to measure higher order
nonlinear susceptibilities: coherent anti-Stoke Raman scattering
(CARS) and four wave mixing (FWM) measure v(3), and recently v(4)

has been measured by fourth-order Raman experiments [60–61].
Combining these measurements with SFG [62] and FTIR-ATR
[63,64] studies will result in the ability to obtain much clearer pictures
of the interfacial systems.

SFG is a versatile technique that has been applied to study many
surfaces and interfaces. In this article, we will only discuss examples
in which SFG was used to study the bioadhesive interface between
proteins and synthetic surfaces.

3. APPLICATIONS OF SFG TO THE STUDY OF BIOADHESION

3.1. Fibrinogen

When a synthetic surface is placed in contact with blood, the first
event that occurs is nonspecific adsorption of plasma proteins. It has

FIGURE 2 Assumed distribution (top curve) and distributions deduced by
using the maximum entropy function with various numbers of independent
measurements: (a) at least two measurements are needed to closely resemble
the assumed Gaussian distribution; (b) at least four measurements are needed
to closely resemble the assumed distribution of the two-Gaussian function; and
(c) at least nine measurements are needed to closely resemble the assumed dis-
tribution of a four-d function. Reproduced with permission from [55]. # 2007,
American Chemical Society.
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been found that fibrinogen adsorbs to synthetic surfaces in higher
quantities than other proteins [65–67]. The conformation that fibrino-
gen adopts when bound to these polymer surfaces is thought to be inti-
mately linked to the cascade of reactions that eventually leads to
thrombosis. Many studies have shown that the conformation and
orientation of adsorbed fibrinogen affects platelet adhesion and aggre-
gation [68–72]. The adsorption of fibrinogen has also been known to
turn inert biomaterials into thrombogenic ones [73,74]. Because of
the increased use of blood-contacting devices in the medical field, there
is a great need to understand the manner in which fibrinogen
interacts with biomaterials.

Fibrinogen is the third most prevalent plasma protein, after serum
albumin and immunoglobulins [75]. Its structure is typically discussed
in terms of three different domains. Its central unit is a globular
hydrophobic E domain that is connected to two identical hydrophobic
D domains. The E domain is linked to the D domains by three a-helical
coiled coils on each side (Aa, Bb, and c chains). The termini of the Aa
chains form aC globular domains, which are believed to interact with
the E domain [76]. See Fig. 3 for a schematic diagram of the structure
of fibrinogen.

Fibrinogen and its interaction with various synthetic surfaces have
been studied using an array of analytical and biological techniques for
over 30 years. Atomic force microscopy (AFM) has been one of the
techniques in the forefront in this field. With AFM, different model sur-
faces have been examined: mica [77–84], graphite [77,78,82,84], silicon
[85–87], silicon dioxide [18,88], titanium oxide [89], titanium [90],
stainless steel [75,91], carbon thin films [92], surface-assembled mono-
layers [84,93–95], and different types of polymers [80,96–99]. Other
techniques used over the years have included: scanning probe micro-
scopy [95,100], radioisotope labeling [101–103], X-ray photoelectron
spectroscopy (XPS) [90], ellipsometry [92,104], polarization-modulation

FIGURE 3 Structure of fibrinogen. Reproduced with permission from [116].
# 2005, American Chemical Society.
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infrared reflection-absorption spectroscopy [75], immunogold staining
for imaging [105], field emission scanning electron microscopy [106],
ELISA [107], etc. Even mass spectrometry has recently become
involved in studying fibrinogen conformations at interfaces [108]. In
addition, molecular dynamics simulations and other computer models
have also been generated to predict how fibrinogen adsorbs onto
different surfaces [109,110].

A myriad of publications have looked at different aspects of fibrino-
gen binding. Earlier studies focused on determining the kinetics of
fibrinogen adsorption on hydrophobic versus hydrophilic substrates
[101,111]. More recent studies have looked at the correlation between
the amount of fibrinogen adsorbed and the level of platelet adhesion,
and have found that increased amounts of fibrinogen adsorbed did
not always cause more platelet binding. These results and others have
shown that conformational changes on different substrates could
either expose or bury the platelet-binding epitopes of fibrinogen
[103,112,113]. One of the studies published this year showed that
fibrinogen underwent significant changes in secondary structure
when adsorbing onto stainless steel in terms of its b-sheet and b-turns
but not its a-helical structure [75]. Cremer’s group utilized AFM and
fluorescence findings to discuss the orientation of the aC domains with
a change in pH (SFG results from this article will be discussed below).
At pH 7.4, the E and D domains of fibrinogen contain the highest
concentration of negatively charged residues, while aC domains are
positively charged. Because of this, the aC domains are strongly bound
to the E domain. At pH 3.5, however, the two domains become rever-
sibly detached [4,114]. They proposed a mechanism in which the aC
domains first, through electrostatic attraction, interacted with the
silica surface at pH 8.0 (while bound to the E domain). When lowering
the pH to 3.2, the aC domains became detached from the E domain,
allowing other parts of the protein to interact with the silica interface,
and when the pH was raised back up to 8.0, the aC domains then
became attached once again to the E domain via the top (Fig. 4) [18].

FIGURE 4 Proposed mechanism for interfacial human fibrinogen
rearrangement upon pH cycling. Reproduced with permission from [18].
# 2003, American Chemical Society.
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The variety of techniques used to study these interactions has
provided a wealth of information regarding fibrinogen absorption onto
synthetic surfaces.

SFG has recently been added to the conglomeration of techniques
used to study the interaction of fibrinogen with different polymer sur-
faces. The first SFG study was published by Chen et al. in 2002 [26].
The authors looked at surfaces of polyurethanes with different end-
group modifications such as silicone (BioSpan-S or BS), poly(ethylene
glycol) (BioSpan-P or BP), and a sulfonate group (BioSpan-SO or
BSO). By looking at the C-H stretching region, they were able to see
differences in the way that fibrinogen adsorbed to these surfaces. By
noting the disappearance of the CH2 stretch signal when the fibrino-
gen solution was contacted with BS, which has PDMS end-groups that
show thromboresistance, the authors deduced that fibrinogen only
interacted with the backbone part of the BS surface and not the hydro-
phobic PDMS portion. This result suggested that BS had hydrophilic
and hydrophobic domains. Fibrinogen was shown to adsorb onto
BSO and BP surfaces, but a longer contact time was needed for BP.

In 2003, Kim and Somorjai published another paper where the
molecular packing of fibrinogen, among other proteins, was studied
on silica and deuterated polystyrene in the C-H stretching frequency
range [19]. By observing changes in the SFG signal strength ratio of
the CH3 symmetric stretch and the CH3 asymmetric stretch, they were
able to show that as the number density increased (measured by fluor-
escence) on the silica surface, fibrinogen’s methyl groups became less
tilted with respect to the surface normal. Adsorption of fibrinogen onto
silica also exhibited concentration-dependent signal intensities and
peak shapes in the C-H range. Previous ellipsometry studies on silica
surfaces stated that fibrinogen’s long axis was parallel to the surface
at low concentrations and became perpendicular to the surface at high
concentrations [115]. By combining these ellipsometry results with the
SFG results on the methyl groups from this article, they illustrated
this adsorption mechanism of fibrinogen via Fig. 5. For hydrophobic
polystyrene surfaces, although the number density of fibrinogen was
higher than on the silica surfaces, the SFG signal was weaker indicat-
ing a more random distribution of orientations of the methyl groups on
the polystyrene surfaces.

Using SFG, Cremer’s group was able to detect an N-H stretch
signal, which indicated that lysine and arginine residues (of the aC
domains) of fibrinogen were highly oriented at the silica interface at
pH 8.0. This strongly correlated with the model they had derived from
their AFM data (Fig. 4), in which the aC domains were believed to be
in contact with the silica surface at pH 8.0. They saw no SFG C-H
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stretch peaks, though, which meant that other residues in fibrinogen
were not aligned [18].

The first paper that studied the amide I frequency range of fibrino-
gen using SFG was published in 2005 by our group [116]. In it, we
looked at three different types of surfaces: an aliphatic poly(ether
urethane) (PEU), a silicone-poly(carbonate urethane) (SPCU), and a
perfluorinated polymer (PFP). In fibrinogen, the net dipole of the
two coiled coils goes from the E to the D domain. Because we were able
to obtain strong amide I signal at 1650 cm�1, we deduced that fibrino-
gen must adopt a bent structure when binding to the substrates
(Fig. 6a). If fibrinogen were to adsorb in a linear fashion, no substan-
tial SFG a-helical signal should be detected because the molecule
would have more or less inversion symmetry. The intensity of the
1650 cm�1 peak changed in different manners for PEU, SPCU, and
PFP, as a function of time. For SPCU and PFP, the signal initially
increased and then stabilized, whereas for PEU, the signal decreased
over time. Because FTIR-ATR and quartz crystal microbalance (QCM)
results showed that there were no large changes in secondary struc-
ture and in the number density of fibrinogen on the polymer surfaces
over time, the signal changes were attributed to a change in orienta-
tion of the coiled coils. For PEU, the angle between the coiled coils

FIGURE 5 Proposed model for the orientation of methyl groups in fibrinogen
adsorbed on hydrophilic silica surfaces with different surface concentrations.
Adapted with permission from [19]. # 2003, American Chemical Society.
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was believed to become greater with time, whereas, for SPCU and
PFP, there was most likely a small decrease in that same angle
(Fig. 6b,c). The initial binding states of fibrinogen on SPCU and PFP
versus PEU were also believed to be different. It is likely that fibrino-
gen interacts via the D domains on hydrophobic surfaces, such as
SPCU and PFP, and via the aC domains for the hydrophilic polymer
PEU (Fig. 6b,c). Based on the large intensity of the N-H stretching
peak at 3275 cm�1 for PEU, when compared with SPCU and PFP, it
could be said, much as in reference 18, that this signal originated from
the side chains of lysine and arginine of the aC domains. This N-H sig-
nal decreased over time, which indicated some kind of restructuring of
the aC domains causing them to become less ordered. This article was
effectively able to point out the differences in the initial binding and
post-adsorption changes of fibrinogen on these two types of surfaces.

Wang et al. studied both the C-H stretching region and amide I
region of fibrinogen interacting with deuterated polystyrene [117].
By studying both a dilute and high concentration of fibrinogen, we
were able to show that more C-H groups were able to orient them-
selves toward the interface at lower concentrations where the
surface-protein interaction dominated. By looking at the amide I sig-
nal over time, it was seen that it first increased due to more fibrinogen
adsorbing onto the surface, and then decreased most likely due to
fibrinogen adopting a linear structure, similar to what happened on
the PEU surface in reference 116. We were able to see that the
changes in the hydrophobic side chains were localized, reaching an

FIGURE 6 (a) Net transition dipole moments of fibrinogen in different config-
urations. Schematic of fibrinogen structural changes with time after adsorp-
tion onto (b) PEU and (c) SPCU and PFP. Reproduced with permission from
[116]. # 2005, American Chemical Society.
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‘‘equilibrium’’ shortly after adsorption, whereas, the secondary
structure reorientation took place over a longer period of time.

In the most recent paper by Wang et al., we quantitatively inspected
the conformation of fibrinogen on the polystyrene surface by looking at
the a-helical signal from the coiled coils [50]. We showed that the
coiled coils of the adsorbed fibrinogen adopted a broad orientation dis-
tribution. The orientation distribution deduced by two SFG measure-
ments assuming a Gaussian distribution was similar to the orientation
distribution deduced by three measurements using SFG and FTIR-
ATR assuming a maximum entropy function. Error analyses were also
done to demonstrate the reliability of the calculated distribution. We
believe that the broad orientation distribution was due to the disord-
ered polystyrene surface onto which fibrinogen molecules adsorbed.
This is different from the melittin case in a lipid bilayer [49], where
the environment is better defined and melittin-lipid interactions are
more specific, thus causing melittin to adopt narrow distributions of
orientations.

SFG studies on interfacial fibrinogen have successfully elucidated
more detailed structural information of interfacial fibrinogen. By
looking at the initial binding state and the consequent post-adsorption
conformational changes, SFG studies have led to a more in-depth
understanding of fibrinogen bioadhesion.

3.2. Factor XII

Hageman factor [known as Factor XII (FXII)] is another protein that
is extremely important in studying the biocompatibility of blood-
contacting medical devices. It has been known since the 1950s that
FXII acts as an initiator of the intrinsic pathway that leads to blood
coagulation, but a deficiency of it is not associated with excessive
bleeding [118]. It is believed that FXII-mediated fibrin formation is
crucial for pathological arterial thrombosis but not for hemostasis,
suggesting that FXII is a safe target for anticoagulation [119]. Upon
contacting negatively charged surfaces, blood zymogen FXII becomes
its activated form, FXIIa. This activation starts the blood coagulation
cascade in which the final step is the release of thrombin (FIIa), which
hydrolyzes fibrinogen into fibrin. In the activation process of FXII
(either by auto-activation or by kallikrein activation), the peptide bond
between Arg353-Val354 breaks, cleaving FXII into a light and a heavy
chain that are now only held together by a disulfide bond. The heavy
chain consists of 353 amino acid residues and includes the positively
charged fibronectin type II domain. This heavy chain is believed to
be responsible for the binding of the protein to negatively charged
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surfaces [120]. There has been an extensive amount of research done
on the activation of FXII by anionic surfaces, but the results of those
studies are still controversial. It is generally believed that FXII
becomes activated when it adsorbs onto negatively charged surfaces
such as kaolin, glass, dextran sulfate, acidic phospholipids, and sulfa-
tides [120–124]. By using plasma coagulation time technique, how-
ever, Zhuo and coworkers recently showed that FXII contact
activation is not specific to anionic hydrophilic surfaces. They were
able to demonstrate that the activation of FXII in a neat-buffer
solution is almost identical on hydrophobic and anionic hydrophilic
procoagulant surfaces [125,126].

Our group has used SFG to study FXII contact activation and
binding to charged and uncharged surfaces [127]. In this set of experi-
ments, polystyrene (PS) was used as a model neutral surface and sul-
fonated polystyrenes (sPS) of varied sulfonation degrees were used as
model surfaces with different negative charge densities. The sPS sam-
ples studied had sulfonation levels ranging from 0 to a maximum of
37%. We did not use sPS surfaces with sulfonation levels higher than
37% because higher levels of sulfonation make the samples swell,
making the interface difficult to study.

Our results indicated that SFG amide I signals collected from
adsorbed FXII on sPS surfaces with higher sulfonation levels (higher
negative charge densities) had stronger intensities (Fig. 7). As
discussed above, SFG amide I signal is dependent on the coverage, con-
formation, and orientation of absorbed proteins at the interface. The
stronger intensities may, therefore, be due to higher surface coverage
of FXII, substantial secondary structural changes of adsorbed FXII, or
different orientations and orientation distributions of adsorbed FXII. In
addition, the strong amide I signals may have contributions from higher
order nonlinear optical processes that are enhanced on charged surfaces.

In order to determine the cause of the stronger SFG signal intensi-
ties, we investigated each of the above-mentioned possibilities. We
first quantified the adsorbed amounts of FXII on PS and sPS surfaces
using FTIR-ATR and QCM techniques. The measured adsorption
amounts of FXII on the various PS and sPS surfaces were fairly simi-
lar. These results correlated very well with the conclusion of Zhuo et al.
[125,126] that the number of adsorbed FXII molecules is independent
of the charge densities of the surfaces. Knowing this, we were able to
conclude that any substantial difference in SFG amide I signals
obtained between the various surfaces was not caused by differences
in the amount of FXII adsorbed. By using FTIR-ATR, we saw that
the spectral features of adsorbed FXII were identical on the PS and
various sPS surfaces. This indicated that the secondary structure
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content of FXII was independent of the charge densities of the sur-
faces. We also carried out some detailed calculations about the signal
enhancement generated from the higher order nonlinear optical pro-
cesses of charged surfaces. These calculations demonstrated that those
types of signals are much weaker than SFG amide I signals. Based on
these results, we concluded that the stronger SFG amide I signals of
FXII on negatively charged surfaces were not caused by a higher
protein adsorption amount, substantial secondary structure changes,
or higher nonlinear optical processes induced by the surface charge.
The differences in SFG amide I signal intensities, therefore, had to
be due to a change in orientation of the secondary structures within the
protein, with the orientation of the secondary structures being affected
by the degree of negative charge on the surfaces.

Studies on the secondary structure of FXII=FXIIa using techniques
such as circular dichroism, fluorescence spectroscopy, and ultraviolet

FIGURE 7 SFG spectra of FXII adsorbed at solution=polymer interfaces (left
panel) for several sulfonation levels. A solution concentration of 90 mg=mL FXII
was used for all spectra. The background spectrum was taken from a PS=PBS
interface without protein. Each spectrum was multiplied by the specified num-
ber to normalize its spectral intensity to facilitate comparison (right panel).
Reproduced with permission from [127]. # 2007, Springer Science þ Business
Media.
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difference spectroscopy have been carried out in the past, but due to
their low resolution they have been unable to provide detailed orienta-
tion information of the adsorbed proteins [128–130]. In this case, SFG
was able to show that the orientation of the secondary structures
within FXII was affected by the degree of negative surface charge.
Stronger amide I signals from the more highly charged surfaces were
due to better alignment of protein molecules on the surfaces, with
more protein molecules adopting the same orientation (becoming more
ordered on the surface). Because the FXII crystal structure is cur-
rently unknown and due to the likely complexity of the FXII molecular
structure, we were, however, unable to quantitatively deduce the
average orientation of FXII on PS and the various sPS surfaces.

Although in this particular case, SFG itself cannot elucidate the
exact orientation picture of adsorbed FXII, with the help of other tech-
niques it can qualitatively unveil ordering information about the pro-
teins. Correlation between the hemo-compatibility of surfaces and
FXII’s ordering (and activation), as well as fibrinogen’s conformation,
on these surfaceswill undoubtedly prove to be helpful in designingmore
biocompatible blood-contacting devices that are thromboresistant.

3.3. Mefp-3

Mussel attachment to various surfaces in the marine environment was
one of the earliest observations of bioadhesion, even before the word
‘‘bioadhesion’’ carried significance to medical applications [131].
Mussel attachment, which is widely encountered and easily observa-
ble, has been used as a model in studies of ‘‘general’’ protein adsorption
and bioadhesion. Herbert Waite and his colleagues have made signifi-
cant contributions to this field [34,131–166]. It has been shown that
mussels can attach to a wide variety of surfaces via byssi, which are
extremely strong, quickly formed, and durable. Since adhesion occurs
at the interface between two materials, research on adhesion has
focused on studying the behavior of chemical functional groups avail-
able on the surfaces. Chemical characterization of the marine mussel
(Mytilus edulis) foot has shown that there are at least five major
adhesive protein families: mefp-1, mefp-2, mefp-3, mefp-4, and mefp-5
[162,167]. Each family is responsible for different parts of the adhesion
process: mefp-1 forms a protective layer around the thread, the elastic
rubber-like interior of the byssus primarily consists of mefp-2 and
mefp-4, and mefp-3 and mefp-5 are responsible for the binding of the
thread to the substrate [168]. All of these proteins contain 3,4-
dihydroxy-L-phenylalanine (DOPA). Although DOPA’s role in mussel
adhesion is not fully understood, it is generally believed that it plays

500 S. Le Clair et al.

D
o
w
n
l
o
a
d
e
d
 
A
t
:
 
1
9
:
5
2
 
2
1
 
J
a
n
u
a
r
y
 
2
0
1
1



a crucial role in the cross-linking process that solidifies the secreted
adhesive proteinaceous liquid. It has been found that mefp-3 and
mefp-5, which have the highest DOPA content among all of the mefp
family (21 and 27%, respectively), appear to predominate at or near
the interface between the plaque and substrate [131,155]. Because of
this, studies on the bioadhesive mechanism of mussel byssus focus
on the interaction between surfaces and the high DOPA content
proteins [167,169].

Extensive research on mefp proteins has been performed in various
research laboratories. Mefp-1 and mefp-2 have been more widely
examined due to their relatively easy sample separation. Spectroscopic
methods that have been employed in the study of mussel adhesion
include: surface enhanced Raman spectroscopy (SERS), FTIR-ATR,
XPS, and ellipsometry. Even though these methods are powerful tech-
niques for such studies, the detailed mechanism of mussel attachment
still remains unclear [154,158,165,169–182].

SFG has recently been used in our laboratory to study mefp-3
adsorption onto surfaces of different hydrophobicities [168]. In this
work, three different surfaces were studied: deuterated polystyrene
(d-PS), deuterated poly(methyl methacrylate) (d-PMMA), and a fluori-
nated polymer (AF 2400, 3M, St. Paul, MN, USA). The hydrophobicity
of these polymer surfaces was confirmed to be significantly different
by contact angle measurements. SFG signals in the C-H stretching
region and the amide I range were collected in situ at the polymer=
mefp-3 solution interface. Because these surfaces were either deuter-
ated or fluorinated, SFG C-H stretching signals should only stem from
the interfacial proteins.

SFG C-H signals for mepf-3 can be characterized as the following:
the 2850, 2870, and 2935 cm�1 peaks arise from methylene and methyl
groups stretches, while the peaks beyond 3000 cm�1 (at 3055 and
3120 cm�1) arise from aromatic C-H stretches. From SFG experi-
ments, we observed no detectable C-H signal from mefp-3 on the
d-PMMA surface (Fig. 8). The absence of the C-H signal is not due
to the lack of protein adsorption onto the d-PMMA surface; protein
C-H signals can be observed after removing the surface from water
and exposing it to air. In solution, however, because mefp-3 is a hydro-
philic protein, its C-H groups (of the side chains) might not adopt any
specific orientation while in contact with d-PMMA, which is also
hydrophilic (its contact angle is 71�). The same type of argument, how-
ever, cannot be used to understand why SFG C-H signals from mefp-3
were a lot stronger when mefp-3 was adsorbed on the d-PS surface
compared with the AF-2400 surface, because both surfaces are
hydrophobic (Fig. 8). To explain this, we had to take into account the
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structure of the adsorbed mefp-3 molecules, since SFG signal intensity
is dependent on the conformation of the interfacial protein molecules.
A possible explanation for this difference in intensity could be due to
the fact that adsorbed mefp-3 molecules on AF-2400 may adopt a
conformation that yields a low SFG signal. This argument can be
reinforced by noting the observed change in the SFG C-H signals of
adsorbed protein molecules over time [168]. While the C-H stretch sig-
nals of adsorbed mefp-3 stabilized really quickly on the d-PS surface,
the signals obtained from mefp-3 on AF-2400 dropped significantly
over time [168]. This could be attributed to a slow conformational
change of the interfacial protein molecules on the AF-2400 surface
and a very quick and efficient conformational change (or reordering)
on the d-PS surface. These experiments were run in such a way that
there were actually two interfaces: an air=protein solution interface
and a polymer=protein solution interface once the polymer surface
was brought into contact with the solution. In order to test whether
this conformational change=reorientation of the proteins was a result
of the initial ordering of proteins at the air interface and subsequent
conformational changes as it interacted with the polymer, the air=
protein solution interface was eliminated [168]. With this new setup,
mefp-3 underwent a quick conformational change as soon as the
solution was contacted to both AF-2400 and d-PS. This confirmed that

FIGURE 8 SFG spectra collected from (a) d-PMMA=Mefp-3 solution
interface, (b) d-PS=Mefp-3 solution interface, and (c) AF2400=Mefp-3 solution
interface. For comparison, the signal is multiplied by 5. Protein concentration:
10 mg=mL in D2O, ssp polarization. Reproduced with permission from [168]. #
2008, American Chemical Society.
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our hypothesis to explain the SFG signal behavior of the previous
setup was correct [168].

Taking advantage of the various spectral features obtained from
mefp-3 on the different surfaces, we were also able to determine
qualitatively the behavior of certain interfacial amino acids using
the peak assignments of the C-H stretches mentioned above. It was
concluded that the interaction between mefp-3 and the d-PS surface
was very strong because of ring-ring interactions (via aromatic rings
from the d-PS surface and certain amino acids from mefp-3).

SFG signals of adsorbed mefp-3 in the amide I regime were also
investigated. There was no observable amide I band for mefp-3 on
d-PMMA surface (Fig. 9), which may indicate that mefp-30s backbone
is randomly oriented on the d-PMMA surface. Because neither the
C-H signals nor amide I band were detectable for mefp-3 on d-PMMA,
it is likely that the whole protein adopts random orientations through-
out the interface. The amide I signal from the mefp-3=d-PS interface
was much stronger than from the mefp-3=AF-2400 interface (Fig. 9).
This also correlates very well with the results from the C-H signals
discussed above about the ordering of the adsorbed protein molecules
and it therefore appears that both the protein backbone and side
chains adopt similar degrees of orientation on the two surfaces.

SFG spectroscopy in this study was able to characterize qualita-
tively the interaction between mefp-3 and surfaces of different

FIGURE 9 SFG spectra collected from (a) d-PMMA=Mefp-3 solution
interface, (b) d-PS=Mefp-3 solution interface, and (c) AF2400=Mefp-3 solution
interface. Protein concentration: 10 mg=mL in D2O, ssp polarization. Repro-
duced with permission from [168]. # 2008, American Chemical Society.
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hydrophobicities. Hydrophobic surfaces, d-PS and AF-2400, caused
ordering of the proteins at the interface, whereas the hydrophilic sur-
face d-PMMA did not. The d-PS surface appeared to be more favorable
for byssus pads to bind to because of the strong ring-ring interaction
between the polymer chains and selected protein amino acids. Both
the type of surface (hydrophobic versus hydrophilic) and the availabil-
ity of functional groups on the surface were shown to play important
roles in understanding the interaction in terms of the degree of bind-
ing and the ordering=conformations of the adsorbed protein molecules
at interfaces.

4. SUMMARY AND CONCLUSIONS

SFG has been applied to investigate the molecular interactions
between various proteins and polymer surfaces in order to understand
the molecular mechanisms of bioadhesion. For these types of experi-
ments, both SFG signals in the C-H stretching and amide I frequency
regions have been collected and analyzed. The C-H signals can be used
to study the ordering and orientation of protein side chains and the
amide I signals lead to a better understanding of the conformation
of the interfacial protein’s secondary structures.

With the help of the fibrinogen crystal structure, SFG studies have
indicated that adsorbed fibrinogen molecules on different polymer
surfaces adopt varied conformations and exhibit different post-
adsorption structural changes. On a particular polymer (PS) surface,
the side chains and backbones of adsorbed fibrinogen were shown to
have separate time-dependent behaviors due to the different surface–
protein interactions (e.g., electrostatic vs. hydrophobic interactions).
The angle between the two coiled coils of fibrinogen was found to
change after adsorption onto different surfaces (either by becoming
smaller or larger). It was also shown that fibrinogen can adopt a broad
orientationdistributionafterbecomingadsorbedontoapolymersurface.

Although the crystal structures of FXII and mefp-3 are unknown,
SFG can provide some important qualitative results regarding the
orientation and orientation distribution (or degree of order) of
adsorbed FXII and mefp-3 on various polymer surfaces. For FXII,
different surface charge densities were shown to greatly affect the
adsorption order. For mefp-3, it was found that the general term
‘‘hydrophobicity’’ could not be used to interpret detailed interactions
between surfaces and mefp-3, and that the adsorption of mefp-3 is
controlled by specific interfacial functional groups (e.g., by ring-ring
interactions). It is, thus, of great importance to characterize the
adsorption of proteins to surfaces at the molecular level.
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As mentioned in the introduction, adhesion processes may involve
many factors, such as chemical bonding, hydrogen bonding, van der
Waals interactions, electrostatic attraction, and interfacial entangle-
ment. The SFG studies summarized in this article elucidate how
surface charge (electrostatic attraction) and surface hydrophobicity=
hydrophilicity (e.g., hydrogen bonding and van der Waals interactions)
can affect interfacial protein orientation and conformation (possibly
related to interfacial entanglement). The continued success in this
kind of research will greatly help in the understanding of molecular
mechanisms of bioadhesion.
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